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Abstract: Cutinases (EC 3.1.1.74) are serin esterases that belong to the α/β hydrolases superfamily and
present in the Ser-His-Asp catalytic triad. They show characteristics between esterases and lipases.
These enzymes hydrolyze esters and triacylglycerols and catalyze esterification and transesterification
reactions. Cutinases are synthesize by plant pathogenic fungi, but some bacteria and plants have been
found to produce cutinases as well. In nature they facilitate a pathogen’s invasion by hydrolyzing the
cuticle that protects plants, but can be also used for saprophytic fungi as a way to nourish themselves.
Cutinases can hydrolyze a wide range of substrates like esters, polyesters, triacylglycerols and waxes
and that makes this enzyme very attractive for industrial purposes. This work discusses techniques
of industrial interest such as immobilization and purification, as well as some of the most important
uses of cutinases in industries.
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1. Introduction

Aerial plant organs are protected by a cuticle composed of an insoluble polymeric
structural compound, cutin, which is a polyester composed of hydroxy and hydroxyepoxy
fatty acids. Cutinases are enzymes that catalyze the breakdown of those polyesters that
form the cuticle that protects plants. These enzymes are synthesized by pathogenic fungi
of plants, as well as by some bacteria and plants [1]. In addition to participating in the
invasion of the host plant [2,3], cutinases also show other functions in fungal biology such
as recognition of the surface where the spores land [4], the morphological development of
fungi [5,6] or nutrition in saprophytic fungi [7,8].

In addition to natural polyesters, cutinases are able to hydrolyze synthetic esters, tria-
cylglycerols and waxes, and to catalyze esterification and transesterification reactions [9].
This variety of substrates presented by cutinases makes them suitable for various appli-
cations by the textile, food and detergent industries, among others. This paper resumes
the applications of cutinase in these industries, as well as several methods to improve the
performance of cutinases at the industrial level.

2. Classification and Structure

Cutinases are serine esterases belonging to the superfamily of α/β hydrolases. The sub-
family of cutinases currently consists of about 20 members, based on their amino acid se-
quence [10]. They are formed by simple polypeptides with a molecular weight of less than
40 kDa and their tertiary structure is formed by five β chains and four α helices (Figure 1).

As a characteristic sign of the α/β hydrolases, the cutinases present the catalytic triad
Ser-His-Asp, where the serine is exposed to the solvent and performs the hydrolysis of
the substrate [9]. According to the International Union of Biochemistry and Molecular
Biology they receive the EC number 3.1.1.74, which defines them as hydrolases that act on
the cutin’s sour bonds. Brenda [11] classifies them as EC 3.1.1.74 (cutin hydrolases), as well
as EC 3.1.1.3 (triacylglycerol lipases). Cutinases are often considered as intermediaries
between lipases and esterases, since they show several characteristics belonging to both
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enzymes. Unlike lipases, which have a secondary structure or hydrophobic “cap” that
covers the active site, cutinases do not have their catalytic esterase protected. Although a
cutinase has recently been found with its active site protected by a “cap” [12]. In addition,
high-resolution studies show that the active site of cutinases exhibits a certain degree of
flexibility [13] and also speak of a “mini-cap” on the active site. These two characteristics
can lead to a possible adaptation of the active site to different substrates and to large
substrates such as cutin. Finally, the oxyanion hole is already formed in cutinases while
in lipases it is formed once the substrate is bound [13,14]; this, together with the absence
of a hydrophobic coverage in its active site, could be the reason why the cutinases do not
demonstrate interfacial activation, i.e., being able to hydrolyze their dissolved substrate or
form aggregates in an emulsion. Cutinases are able to hydrolyze a wide variety of substrates
such as soluble low molecular weight esters, short and long chain triacylglycerols, natural
and synthetic polyesters and waxes. It also catalyses esterification and transesterification
reactions [9]. For an extensive structural analysis, we recommend the manuscript prepared
by Nikolaivits et al. [15].

Figure 1. Diagram representing the folding of the cutinases. Five β chains (enumerated from 3 to 7)
and four α helices (A, B, C, F) are shown. Near the C-terminal end is the active site formed by the
catalytic triad Ser120, Asp175 and His188.

3. Evolutionary History

Regarding the study of the cutinase gene, several advances have recently been made
in that direction. Skamnioti et al. [16] have performed a taxonomy of different genes for
cutinases in five species of Ascomycete. Through the prediction of genes, 147 cutinase
genes have been studied that show an evolutionary history of duplications and losses
in the family of this gene, indicating a clear division between two ancestral families.
Skamnioti et al. [16] associate this divergence to the duplication of an ancestral gene before
the divergence between Basidiomycetes and Ascomycetes, since cutinases are found in almost
all fungal subfamilies. In addition, the positions of the introns in the sequence are not
shared through the most ancestral divergences and many sequences contain introns that
are not found in others. These facts support the theory that these genes diverged very
early and have diverged widely since then. Interestingly no cutinases have been found
in any of the Saccharomycotina yeast species studied, this may indicate that evolution has
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not kept this protein in fungi non-parasites [16]. Another point to take into account is
the transversal transference of the lateral gene transfer (LGT) of these sequences. All
cutinase genes studied have a higher GC content compared to the genome that hosts
them. This amount of GC can be an LGT test between pathogenic bacteria and fungi.
However, the same authors affirm that the lateral transfer has not been a relevant event
in the evolution of the gene family of the cutinase, since phylogenetic analyses place the
bacterial cutinase in a different group from its fungal homologs. Although that same
study shows that two of the fungal cutinases analyzed are more related to the cutinases
of Mycobacteria than to those of their own group. On the other hand, Belbahri et al. [17]
consider the LGT as a key event in the distribution of cutinases in different phylogenetic
groups. Belbahri et al. [17] show that the Phytophthora cutinase sequence, an Oomycete,
has a high homology with the sequence of the bacterial cutinase of Mycobacterium. In this
way, they suggest the acquisition of this sequence via LGT and that this mechanism has
played an important role in the evolution of this species, allowing them to colonize their
host plants. In the evolutionary study of the cutinase, they performed bioinformatic and
phylogenetic analyses on the known cutinase homologs. These homologs were found
in Mycobacteria, fungi and Oomycetes. While the Mycobacteria, which belong to the
Actinobacteria, are prokaryotes, fungi and Oomycetes are eukaryotes, the first grouping
among the Opistokonta and the last among the Heterokonta. In addition, no homologs have
been found between the Archaeas, between other groups belonging to the Opistokonta,
nor in groups belonging to the Chromalveolata—the super-group where the Heterokonta
are included. For Belbahri et al. [17] this indicates that the appearance of the sequence in
these groups is of recent origin. Thus, as the existence of a common ancestor seems quite
improbable, it suggests the recent appearance of the gene followed by a distribution of the
same LGT pathway.

4. Biology

The role and importance of cutinases in pathogenicity is a controversial issue. On the
one hand, there are studies that show an important role of these enzymes in the virulence
of the pathogen [2,3]. On the other hand, organisms such as Magnaporthe grisea, which
penetrates the cuticle through mechanical processes, and “oxide fungi” that enter their
hosts through stomata [4], seem to indicate that the role of cutinases is not so decisive.
That cutinase is used by pathogenic fungi seems to be a well-contrasted fact, since a large
number of them produce extracellular cutinase in vitro [18] and cutinase has been found at
the site of penetration of the fungus [19], but no results have been found that demonstrate a
definitive role of cutinase in the penetration of the cuticle. Studies with deficient mutants for
the cutinase in Fusarium solani pisi and Colletotrichum gloeosporioides [2,3], both ascomycetes,
show that the virulence of the pathogen decreases when the enzyme is not available,
but that it is re-established by adding exogenous cutinase. It has also been found that
by providing Mycosphaerella spp., a parasitic fungus that infects papaya fruits only if
they present a wound, the cutinase gene of F. solani pisi allows it to parasitize its host
even without wounds [20]. Studies of disruption of the cutinase gene in Pieris brassicae,
which generates a germinative tube that penetrates directly into the host, show that,
although the germinative tube is generated in the same way, it is unable to penetrate the
cuticle, producing subcuticular growth of the fungus as if it occurs in the wild variety [21].
In addition, it has been possible to prevent the infection of both F. solani pisi in peas and
C. gloeosporioides in papaya, using cutinase antibodies in the first case [19] and with the
inhibitor diisopropylfluorophosphate (DFP) in the second [22].

On the other hand, there are studies of genetic modification carried out in F. solani [23],
M. grisea [24] and Botrytis cinerea [25] that are not so enlightening. Virulence does not
decrease when cutinase is no longer involved. These results suggest that cutinase exerts
additional functions in this process, beyond the hydrolysis of the cutin itself.

The cutinase also seems to have a role in recognizing the substrate on which the
spores land, as well as guaranteeing the adhesion of these. Deising et al. [4] show that the
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spores of Uromyces viciae-fabae excrete cutinases and esterases that help in the formation of
an adhesion-pad that allows the attachment of the spore to the substrate. They verified
the importance of these enzymes when observing that autoclaved spores were fixed in
smaller numbers and that this adhesion was recovered when washing with cutinases and
esterases [4]. The studies carried out suggest that the cutinase excreted by the spores acts to
recognize the surface in which they are found. The cutinases released by the spores release
cutin monomers that induce the production of more quantity of enzyme, thus initiating the
penetration process, since the cutin monomers act as inducers of the transcription of the
cutinase itself, and glucose inhibits this transcription. The inhibition of this process, either
by mutation of the gene, specific inhibition of the cutinase, or presumably, because the
spore does not meet a valid objective, interrupts the penetration [26]. Cutinases also play a
crucial role in the development of fungi. Erysiphe graminis conidia have been observed to
excrete a protein mixture, including cutinase. Cutinase releases cutin monomers from the
surface of host leaves. The importance of cutinase in the differentiation of these organs is
evident when it is found that its formation in subjects treated with ebelactones A and B,
inhibitors of the cutinase, is reduced by up to 50% [5]. In M. grisea, the cutinase is involved
both in the formation of conidia and in that of the appressorial organ. Skamnioti and
Gurr [6] showed that M. grisea mutants for the CUT2 gene have reduced their conidial
formation by 52% and that they also produce appressoria in smaller numbers and with
aberrant morphologies.

The number of genes that code for cutinase also provides us with valuable information
about the biology of the fungus. Up to 13 cutinase genes have been identified in Curvularia
lunata, which could indicate that this fungus is capable of degrading several types of
cuticles, thus explaining the great variety of hosts that can parasitize, including are rice,
strawberry and spinach, among others [27]. The same is found in M. grisea that hosts
17 putative genes that could be due to the organism’s need to colonize its hosts [16].

In other cases, it has been proposed that the function exerted by the cutinase is due
to the ecological niche occupied by the fungus [28]. Therefore, fungi whose nutrition is
fundamentally saprophytic, would need cutinase to take advantage of the cutin of the plant
remains. This is shown by studies of gene disruption where the pathogenicity of the fungus
is not altered by not having cutinase, but its growth is strongly inhibited when growing
in media where cutin is its only carbon source since cutin is no longer accepted as carbon
source [7,8]. It is important to say that fungi seem to make use of one type or another of
cutinase according to their needs or their availability of nutrients. Alternaria brassicicola
seems to alternate between two cutinases with different functions. In the first instance,
the gene is induced by cutin monomers, induction that stops until at least 24 h, thus
recognizing the cutin as a barrier to penetrate. If the pathogen manages to penetrate into its
host the carbohydrates that this provides, they repress the transcription of more cutinase.
On the other hand, if this repression does not occur within 24 h, the cutin monomers will
stimulate the synthesis of more cutinase, thus recognizing the cutin as a carbon source [28].

5. Use of Biocatalysts in Industrial Production

Biocatalysts have been used as an alternative to chemical catalysts in the industry due
to their enzymatic characteristics: a high reaction rate, catalytic activity in both directions,
a good degree of selectivity against the type of reaction, high substrate specificity and high
activity at room temperature and atmospheric pressure. In addition, the use of biocatalysts
against chemical catalysts reduces the environmental impact and consumes less energy,
which makes them economically more profitable. Even with this, biocatalysts are not
widely used in the industry, since the enzymes are not stable at the high temperatures used,
they are not reusable, it is difficult to maintain precise control of the reaction and, even
with their advantages, they remain economically less profitable than chemical catalysts.
However, there are several methods to improve the characteristics of enzymes, either by
modifying the enzyme itself or by techniques that improve its performance at the industrial
level [29].
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5.1. Immobilization

One of the techniques employed is the immobilization of the biocatalyst in which the
enzyme is fixed or confined in a defined region while maintaining its catalytic activity [30].
Several supports for the immobilization of cutinases have been studied, such as zeolites
and supports of silica, alumina and polyamide. Among them, the NaY zeolite is the one
that gives more stability to the cutinase [31–34]. Zeolites are microporous aluminosilicate
minerals in which the aluminum is in a tetrahedral arrangement and contains one cation for
each aluminum atom. These cations can be easily changed and have a great impact on the
properties of zeolites [32]. Su et al. [30] used three well-characterized cutinases (Aspergillus
oryzae Cutinase (AoC), Humicola insolens Cutinase (HiC) and Thielavia terrestris Cutinase
(TtC)) using Lewatit VP OC 1600 as the macroporous support, describing immobilization
yields of >98% (Table 1). The effect of the Si:Al ratio on the composition of the zeolite was
also studied. The aluminum content determines the total load and the number of cations
that the support will possess, and defines the affinity to water and the acidity or basicity of
the structure. Zeolites with a Si:Al ratio have low enzymatic activities since zeolites with
a high silica content contain less associated cations and are considered hydrophobic and
not very basic. On the contrary, zeolites with a high content of alumina are considered
as hydrophilic and basic. On the other hand, the Si:Al ratio does not seem to affect water
activity. Apparently, there is a Si:Al ratio that is the optimum for the enzymatic activity,
which corresponds approximately to that of the NaY zeolite (2.7), which, coincidentally,
turns out to be one of the cheapest and available zeolites (Table 1) [32]. The effectiveness
of the support for the reaction of alcoholysis of butyl acetate with hexanol to isoctane
catalyzed by the cutinase of F. solani pisi was studied. The NaY zeolite obtained the highest
catalytic activity compared to the other supports and maintains a large part of the activity
of the cutinase at 150 ◦C while in other supports it is deactivated [33]. Furthermore, it does
not induce any conformational change in the enzyme and the pH value has less impact
on the catalytic activity than in the other supports, although the optimum pH value is in
any case about 7.2–8, a value close to the isoelectric point of cutinase, 7.9 [34]. The Fe-O
magnetic nanoparticles have emerged as good solid support for the immobilization of
enzymes owing to their desirable physico-chemical properties and several advantages viz.
biocompatibility and high ratio of surface area:volume [35,36]. This results in high enzyme
loading capacity with improved catalytic efficiency after immobilization, ease of surface
modification, outstanding stability, improved mass transfer by the reduction in barriers
to substrate diffusion, high dispersion, minor steric hindrance space and higher substrate
affinity, and efficient separation of the magnetite loaded enzymes from the reaction mixtures
simply by applying an external magnetic field and without any mechanical process like
filtration or centrifugation [37].

Table 1. Enzymatic activity, amount of water and water activity for zeolites A according to their
associated cation. Higher enzymatic activity in bold letters.

Zeolite Enzymatic Activity (U mg−1) Amount of Water (%) Water Activity

CaA 0 0.25 0.48
9.10 0.46 0.95
9.90 0.75 0.95
7.10 0.77 ≈1
1.52 1.50 ≈1

LiA 0 0.28 0.40
11.8 0.44 0.97
5.90 0.71 ≈1
0.99 1.30 ≈1
1.00 1.50 ≈1
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Table 1. Cont.

Zeolite Enzymatic Activity (U mg−1) Amount of Water (%) Water Activity

NaA 3.3 0.21 0.68
5.1 0.27 0.77
8.7 0.32 0.90
6.9 0.51 0.96
4.3 0.64 ≈1
1.1 1.00 ≈1
1.4 1.03 ≈1

KA 6.0 0.07 0.68
6.5 0.12 0.70
7.3 0.38 0.96
7.0 0.52 0.97
1.7 1.30 ≈1

CsA 0 0.13 0.35
9.8 0.32 0.96
9.7 0.37 0.97
8.6 0.38 ≈1
7.6 0.41 ≈1
7.0 0.54 ≈1
1.5 1.50 ≈1

5.2. Modification of Cutinases

The heterologous transformation can be used to make post-translational modifications
that increase the stability and activity of the enzyme. By cloning the cutinase AnCUT2
from Aspergillus niger and expressing it in Pichia pastoris Al-Tammar et al. [38] verified that
the glycosylation of cutinase by P. pastoris increased its molecular mass and modified the
value of its isoelectric point allowing the enzyme to be stable over a wide range of pH.

Mutations have also been made in the cutinase gene of F. solani pisi to adapt the en-
zyme to what purpose. Araújo et al. [39] used site-directed mutagenesis to increase the size
of the active site of the enzyme and thus accommodate larger substrates. Brissos et al. [40]
searched from among a large number of mutated cutinases, generated by saturated mu-
tagenesis, a variant that presented greater stability to the dioctyl sulfosuccinate sodium
surfactant (DOSS) than the wild variety.

5.3. Industrial Applications of Cutinases

The generally recognized applications of cutinases are in the textile industry, in laun-
dry detergents, in the processing of biomass and food, in biocatalysis and in detoxification
of environmental pollutants [9,41,42].

5.3.1. Textile Industry
Cotton Fibers

Cotton fabric is the most popular textile product in the world. The cotton is washed in
the industry for better wettability and thus facilitates a uniform stain and a better finish of
the product. This wash, which removes the hydrophobic cuticle that covers the cotton, has
been done by alkaline hydrolysis at high temperatures (100 ◦C) using sodium hydroxide
(NaOH), a method that requires large amounts of water and energy as well as damaging
the fibers and generates large amounts of alkaline waste. Therefore, the use of biocatalysts,
such as cutinases, cellulases and pectinases, has been proposed in order to reduce the
environmental impact [9,43].

The hydrophobic cotton cuticle is composed of cutin, wax, pectin and protein. Efforts
in research to achieve a cotton wash using biocatalysts or biowashing have focused on the
use of enzymes, or sets of enzymes, that hydrolyze the cuticle components, avoiding the
use of high temperatures and the waste generated in chemical washing [44,45]. Cellulases
are the only enzymes that give good results when applied alone, although they reduce the
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strength of the fibers and therefore also their quality. On the other hand, the combined use
of cellulases and proteases or pectinases, or lipases and pectinases give the best results in
washing the cuticle. Even so, the use of boiling water is required to achieve an improvement
in the wettability of the fibers [43].

For a while now, the value of cutinases in the washing of cotton has been studied, since
they are capable of hydrolyzing both the cutin of cotton fibers and wax. Unfortunately,
the wax can not be completely removed at low temperatures and high temperatures
(80–90 ◦C) are required in which most cutinases are not stable [9]. Although it has been
possible to increase the stability of the cutinase in high temperatures by immobilizing the
enzyme in zeolite NY [31,33], this material interferes between the cutinase and the wax of
the fibers, so that immobilization is not a viable technique in this industry [9].

Washing with a cutinase of bacterial origin (Pseudomonas mandocino) has been achieved,
with results similar to that of other enzymes (with a moistening time of 20–30 s) and without
the use of boiling water [43]. The action of the cutinase in this process improves when
adding detergents. When carrying out the process with a mixture of cutinase and pectinase
they show a synergic effect, in which the cutinase would enlarge the pores of the cutin,
and open new ones, allowing a rapid action of the pectinase, achieving a wetting time of
5 s. Studies have also been carried out to check the value of this enzyme in the washing
of cotton. Fungal cutinases can eliminate the waxes of the cuticle of the cotton at low
temperature(Agrawal et al. [44]). The degradation of the wax at 30 ◦C was achieved
with an incubation time of only 15–30 min, a much shorter time than that needed by
Degani et al. [43] (10–20 h) (Figure 2). This reduction in incubation time could be explained
by the different origins of the cutinase. To improve the action of pectinase in the process,
it must penetrate the fibers and access the pectin. The surfactants and the elimination of
the waxes fulfill this objective. For an optimal result, compatibility between the surfactant
and the cutinase must be given. While the anionic surfactants negatively affect the action
of the cutinase, the non-ionic surfactants do not interfere with the action of the enzymes.
As the increase in the hydrophilicity of the fibers decreased the action of the cutinase, it
was necessary to find a balance in which the increasing hydrophilicity of the fibers did
not interfere with an optimum activity of the cutinase. Up to 70% of the original cutinase
activity was retained for Triton X-100 values greater than 0.3 g L−1.

Figure 2. Wetting times in seconds after treatment of cotton garments. DDW, control without
enzymes; PL, pectinase alone; CUT, cutinase alone; CUT + PL, mixture of pectinase and cutinase.
Adapted from [43].

When carrying out the process with cutinase, Triton X-100 and pectinase (also applying
mechanical force with a wedge) the cotton was washed at 30 ◦C in 15 min, so it can be
affirmed that the cutinase can be used in the process of bio-washed by being able to
remove cotton waxes at low-temperature [44]. The same author has managed to reduce the
washing time using both mechanical strength [45] and ultrasound [46]. In the second case,
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the ultrasound intensifies the mass transfer and the kinetics of the enzymes, accelerating
the washing process. Using a mixture of cutinase, pectinase, and Triton X-100 and applying
ultrasound at a frequency of 30 kHz, the washing process was achieved in a cotton fabric
of 280 g m−2 in just 2–5 min.

Synthetic Fibers

Synthetic fibers are widely used in the textile industry (50% of the world market)
due to their strength and elasticity. Textile products made with synthetic fibers shrink
less, dry faster and can be mass-produced in a short time at a low cost. However, they
have low permeability and evaporation of sweat due to their hydrophobicity, which also
hinders the process of staining and finishing of fabric, making them uncomfortable to dress
and difficult to wash [47,48]. Therefore, the treatment of this type of material is focused
on reducing its hydrophobicity to improve its wettability, facilitating its staining and
finishing. Traditionally this process has been carried out using strong chemical treatments
with alkaline agents, which not only requires a large amount of energy and diminish the
strength of the fibers, but also have a great environmental impact. The aim of the treatment
of this type of fibers with enzymes is to modify the surface of the tissue without affecting its
interior so as not to damage the tissue. On the other hand, cutinases are able to hydrolyze
the surfaces of polyethylene terephthalate (PET), polyamide (PA) and acrylonitrile fibers or
acrylic fibers [49].

Polyester Fabrics

PET is a polymer composed of terephthalic acid (TPA) and ethylene glycol. Cutinases
from various organisms, such as F. solani pisi [47], Thermobifida halotoleran [50], T. fusca [51],
Fusarium oxysporum [48] and Thermobifida cellulosilytica [52], can hydrolyze the ester bonds
found on the surface of PET fibers, thus improving their hydrophobicity without compro-
mising the integrity of the material [49]. As a result of hydrolysis, molecules of terephthalic
acid, mono (2-hydroxyethyl)-terephthalate and bis (2-hydroxyethyl)-terephthalate are
released [47].

Unlike the harsh conditions necessary for the chemical hydrolysis of PET, cutinases
can perform this function in milder conditions. At 40 ◦C the maximum activity is observed
on the fiber esters, decaying at temperatures higher than 45 ◦C due to the low stability of
the enzyme. Regarding pH, the highest release of TPA, and therefore of hydrolysis of PET,
was found at pH 8 (Figure 3).

If pH values are greater than 8, there is decreased activity of the enzyme. Alkaline pHs
can increase the chemical hydrolysis of PET fibers producing the same tissue damage as
chemical hydrolysis [48]. The disposition of the PET molecules also affects the effectiveness
of the enzymatic activity on this, in such a way that the enzymes have a lower ability
to hydrolyze crystallized substrates [53]. This phenomenon also happens for cutinases,
which have greater catalytic activity on amorphous polyesters than on highly crystallized
ones [47].

An attempt has also been made to increase the efficiency of cutinases in the hydrolysis
of PET fibers. By means of site-directed mutagenesis, it was possible to increase the size
of the active site of the cutinase of F. solani pisi, which improves the accommodation and
stability of the large chains of PET esters, thus increasing the activity of the enzyme with
respect to the native enzyme. Of the five mutant enzymes tested, the cutinase L182A was the
one that obtained the best results, presenting a catalytic activity against the PET four times
greater than the native enzyme and maintaining a 95% adsorption to the substrate [39].
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Figure 3. Effect of temperature and pH on the hydrolysis of PET by the cutinase of Fusarium
oxysporum. Image extracted from [48].

It has also been possible to improve the hydrolysis of PET by the cutinase using
hydrophobins [52]. The hydrolysis of the PET was measured (measuring the release of TPA
and HET) in three different assays, cutinases and hydrophobins combined. An increase in
the hydrolysis of the PET 16 times greater than the control (only cutinase) was obtained
using the cutinases fused with hydrophobins. The other two trials also increased the
efficacy of cutinase, although in a much more modest way. The results varied among
the three hydrophobins used for each of the trials. The specific mechanism by which
hydrophobins increase the activity of cutinases on PET is not known, but it may be due to
its interaction with the substrate.

Polyamide Fabrics

Synthetic polyamide fabrics (nylon) offer abrasion resistance, low abrasion coeffi-
cient, good resistance to chemicals and firmness at high and low temperatures [54]. They
are composed of hexanodioic acid and hexamethylenediamine bound by amide bonds.
As with the fabrics seen above, the hydrophilicity of polyamide fabrics can be improved by
alkaline treatments, which also damage this type of fibers and harms the environment [42].
Although the cutinase is an esterase, it is able to hydrolyze the polyamide, because it has
a structure similar to cutin. Even so, it does so at a low rate, possibly due to the high
crystallization of the polyamide structure [47,49,54]. However, it is more active against
polyamides than against PET, releasing hexamethylenediamine molecules and amino
groups during the process [49]. The cutinase has lower catalytic activity and adsorption
against polyamide fabrics than against polyester fabrics. The cutinase of F. solani pisi mutant
(L182A) of Araújo et al. [39] only increased the catalytic activity by 19% on the polyamide
and decreased the adsorption by 5% with respect to the native enzyme. Silva et al. [54]
also studied the effect of mechanical agitation on the hydrolysis of polyamides using the
cutinase of F. solani pisi native and the mutant form L182A.

Wool Fabrics

The efficiency of the use of biocatalysts in the treatments to fabrics made from wool
has also be investigated. The wool is covered by a cuticle composed of superimposed cells,
in which the lipids connect cysteine residues by ester or thioester bonds, or form a network
of isopeptides joined by amide bonds. This structure of scales and its composition gives
a great hydrophobicity to wool, so it presents the same problems seen with the previous
fabrics, in addition to a tendency to felting and shrinking, especially in aqueous medium
and subject to mechanical forces as it happens in the washing processes [55].

The commercial method chlorination-Hercosett is used to avoid shrinkage of the
fabric. Chlorinated chemicals are used to degrade cuticle scales, and then synthetic resins
are applied to coat the fibers, resulting in washable fabrics. As a disadvantage, the process
consumes large amounts of water, produces toxic residues and damages the fibers, making
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them difficult to stain and negatively affecting the touch [55]. The wool can also be pre-
treated with alkaline substances, oxidation or chlorination to facilitate the penetration of
proteases to the fibers and improve the hydrophilicity of the fabric. However, some of
these methods cause excessive damage to the fibers and produce uneven treatment on the
tissue surface [56].

Wang et al. [56] compared the effect of cutinases and hydrogen peroxide as pretreat-
ment on the wettability of wool fibers. The use of cutinases managed to decrease the
wettability time, from more than 30 min of the untreated control tissue to 7.9 min, reach-
ing 1.3 min when proteases were subsequently applied. In contrast, hydrogen peroxide
decreased this time to 21.2 min, 11.5 when applying proteases. To check the action of
the proteases, and therefore the efficiency of the treatment to facilitate its penetration,
the weight loss of the tissue is measured. Cutinases achieved a 6.3% weight loss, while
hydrogen peroxide achieved 6.9%, approximately 3% more than the untreated control.
This weight loss is usually accompanied by damage to the fibers, which can be checked by
measuring the breaking stress (Figure 4).

Figure 4. Loss of weight, breaking stress and shrinkage area for wool fabrics before (white bars) and
after (gray bars). (a) control; (b) pretreated with cutinase; (c) pretreated with hydrogen peroxide.
Adapted from [56].
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For the fibers treated only with cutinase, no tensile stress values different to those
obtained in the control were obtained, while the fibers treated with hydrogen peroxide
showed a slightly lower value. The subsequent treatment with proteases did have an
obvious effect on the fibers. The fibers pretreated with cutinases presented breaking stress
slightly lower than the control fibers, while the loss of strength in those pretreated with
hydrogen peroxide was more evident. This effect of the treatment of cutinases may be
due to the fact that these increase the adsorption of the proteases to the tissue, resulting
in a greater enzymatic action of these which would result in damage to the fibers. The
treatment with cutinases shows promising results to avoid the shrinkage of wool tissues.
The area of shrinkage of the tissue treated with cutinases was similar to that of the control
tissue (about 10%), while that treated with hydrogen peroxide increased by 12%. However,
after treatment with proteases, the area of shrinkage of the tissue pretreated with cutinases
decreased up to 4%, below 6% of the control tissue, and of the sample pretreated with
hydrogen peroxide.

5.3.2. Detergents

Enzymes have become a common addition to detergents, but they must be able to
perform their catalytic activity under normal washing conditions. Therefore, the enzymes
used as detergent components must be active in the alkaline pH range of the detergents,
between 7 and 11, and at the temperatures at which the washings are carried out, from 4
to 60 ◦C. They must also withstand washing times and detergent compositions, such as
surfactants, bleaches and other enzymes, both during washing and while they are stored.
In addition, the enzymes used must have sufficient substrate specificity to be able to act on
the dirt in the multiple ways in which it can occur [57].

Hydrolases are added to the detergents to solubilize the stains and make it easier to
remove them from the tissue. Proteases degrade protein spots in small fragments that are
removed by the other components of the detergent, so they are often used to remove blood
and grass spots. Amylases are applied to food stains such as potatos or chocolate since
they degrade starch. Lipases are used to remove grease stains from clothes. Cellulases are
used as a softener since their enzymatic activity degrades tissue microfibers that harden
clothes without affecting it, and help to release stains trapped in the fabric and to revive
the colors of the garments [57,58].

Cutinases are effective in the elimination of fat spots, since they are a type of lipase,
and they are active both in solution and in water-oil interfaces [40]. Lipolase is a commercial
lipase created by genetic engineering used as a detergent. Lipolase is calcium-dependent,
which is a disadvantage since calcium chelators are added to the wash cycle because
calcium produces stains that are difficult to remove from the garments (Figure 5).

Flipsen et al. [59] compared the effectiveness of the cutinase of F. solani pisi with that of
Lipolase in the removal of olive oil stains on cotton and polyester garments. A sequential
washing system was used, in which the enzymes were first incubated for 30 min and then
a second incubation of another 30 min in the presence of detergent was carried out.

For Lipolase, no increase in the elimination of fats was observed with respect to the
untreated control, due to the fact that the absence of calcium prevents the enzyme from
carrying out its function. Although in the second phase the detergent containing calcium
is added, the elimination of fats only increased by 2.7%. Flipsen et al. [59] managed to
increase the elimination of these fats by performing an additional washing step.
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Figure 5. Percentage of fatty spots eliminated by Lipolase and the cutinase of F. solani pisi using
the sequential washing system. Black column: incubation 1; gray column: incubation 2. Adapted
from [59].

5.3.3. Food Industry
Fruits and Vegetables

Fruits and vegetables are protected by a waterproof membrane that prevents evapo-
ration of the liquids they contain. This membrane is composed of cutin, cellulose, pectin,
wax and triacylglycerides, among other biomolecules. For the commercialization of these
products it is necessary to increase their permeability to water to be able to dry them.
Through chemical products such as methanol, chloromethanes, alkali hydroxides and oth-
ers, this purpose can be achieved. However, the use of these products can leave traces
in the food and its intake can have harmful effects, as well as being harmful to workers
exposed to them. On the other hand, the treatment of waste generated by these chemicals
is expensive [60].

Therefore, the use of enzymes to increase the permeability of fruits and vegetables
is desirable, which also allows the classification of these products as natural by the food
authorities [61]. The cutinases can be used to hydrolyze the materials that make up the
cuticle of fruits and vegetables and, thus, improve their permeability to water. In this way,
cutinases can be used to dehydrate these products for their preservation. In addition, drying
some fruits and vegetables, such as raisins, plums, apricots and tomatoes, modifies their
flavor and texture. Finally, the increase in permeability can be used for the administration
of substances such as sweeteners, flavor enhancers or preservatives [60].

Aromas and Flavors

Short-chain esters (less than 10 carbon atoms) are very important compounds in the
food industry because they have a pleasant fruit aroma and are used to give artificial
flavors and aromas to foods and snacks. For example: ethyl butyrate is used as an artificial
flavoring of strawberry, pineapple, apple and banana, and is added to candies, juices
and pastries; Hexyl acetate is present in the aromas of fruits such as apple, apricot, pear
and plum, and can be used as a fruit flavor enhancer in various soft drinks, candies and
pastries. Furthermore, compounds such as ethyl acetate, hexanoate, butyl butyrate and
octanoatealso are used to achieve fruity, herbal and butter aromas [62,63].

These aliphatic esters can be synthesized chemically by catalyzing the reaction between
an alcohol and a carboxylic acid. This method is fast and cheap but, due to the strong acids
and bases that are used as catalysts together with the high temperatures and pressures
required, the resulting compounds cannot be classified as natural [62,63]. They can also
be obtained naturally by extracting them directly from plants. However, in this way a
complex mixture of compounds is obtained where the desired compound is in very low



Catalysts 2021, 11, 1194 13 of 22

concentration and which changes during the ripening of the fruits, besides being subject to
climatic conditions [62,63].

Therefore, the use of biocatalysts is very attractive, since more moderate conditions
can be used, and the selectivity of the enzymes ensures the purity of the compounds.
In this area lipases and esterases have been used for the synthesis of a wide variety of
esters, although they show greater affinity towards long-chain (>C8) and short (C1 and C2)
substrates than towards substrates of 3 to 8 atoms of carbon that are the most desirable [63].

Cutinases are able to catalyze the formation of esters from alcohols and fatty acids. De
Barros et al. [61] studied the synthesis of ethyl hexanoate using the cutinase of F. solani pisi
as a catalyst.

To study the effect of the concentration of the enzyme in the reaction, tests were
carried out at 30 ◦C with enzyme concentrations of 0.7 to 5.6 mg mL−1, at two different
alcohol:acid ratios (1 and 2) with a constant alcohol concentration of 0.2 M. The highest
production values were always given for the ratio 2, and the highest production, 97%, was
given for an enzyme concentration of 2.8 mg mL−1. Using a temperature range of 25 to
50 ◦C, the highest production of esters was obtained, 70%, at 30 ◦C after an incubation of
10 h. The activity of the cutinase was also increased by increasing the value of the water
activity (Aw), reaching a maximum between 0.68 and 0.75.

The concentrations of the substrates, acid and alcohol, also have an effect on the
reaction, since the equilibrium of the reaction towards the synthesis of esters can be
decanted. For equimolar concentrations of the substrates the highest production of esters
was given, 77%, at a concentration 0.2 M. Concentrations greater than these resulted
in a decrease in production. To study the effect of the acid concentration, the alcohol
concentration was set at 0.2 M and acid concentrations of 0.025 to 0.25 M were tested.
The highest production of esters, 88%, was given for an acid concentration of 0.1 M (alcohol:
acid ratio 2), and the highest initial reaction rate (2.58 µmol min−1 mg−1) at 0.2 M (alcohol
ratio:acid 2). Higher concentrations have inhibitory effects. The same method was used to
check the effect of alcohol concentration. The highest initial velocity (2.91 µmol min mg−1)
was found at an ethanol concentration of 0.15 M, and an inhibitory effect of this velocity
was 0.25M. No large changes were observed in the concentration of converted esters, which
remained between 50 and 70%, between the 0.025 and 0.125 M ethanol concentrations
(alcohol: acid ratio of 1.6 to 8). From 0.125 M ethanol production decreases to 48%.

Finally, the effect of the length of the acid chain was studied. Acids of chain length
increasing from C2 to C18 were used (Table 2). It was observed that cutinase shows a
great preference towards short chain acids, mainly towards butyric (C4) and valeric (C5)
acids, since initial reaction rates of 1.15 and 1.06 µmin−1 mg−1, respectively, were obtained.
In contrast, for the acids of 8, 10 and 18 carbon atoms in length the reaction did not start
until after 10, 20 and 40 minutes, respectively. In addition, in 6 hours of incubation the
highest production of esters was obtained, 96.5%, for valeric acid, while for butyric and
caproic acids (C6) 84 and 62% were obtained, respectively. In contrast, with oleic acid (C18)
43% of production was obtained in 8 hours of incubation [61].

Table 2. Influence of the acid length on the initial rate of the esterification reaction. Note the delay
time (lag) for the longest chain acids (C8, C10 and C18).

Length of the Acid Chain Initial Velocity Time Delay at the Start of
(Carbon Atoms) (µmol min−1 mg−1) the Reaction (Lag) (min)

2 0.30 0
4 1.15 0
5 1.06 0
6 0.41 0
8 0.48 10

10 0.44 20
18 0.24 40
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Recently Su et al. [63] studied the efficiency of T. fusca cutinase in the synthesis of
ethyl hexanoate. They obtained a production of 99% using an enzyme concentration of
50 U mL−1 and above. The highest initial velocity (0.14 M h−1) was obtained for an enzyme
concentration of 300 U mL−1. A similar ester production was observed for temperatures
between 30 and 50 ◦C, with a peak of 99.2% at 40 ◦C. At higher temperatures the production
decreases. For acid and alcohol concentrations, the highest production value was obtained,
99.2%, for a 0.1 M acid concentration (ratio 2), and for a 0.1 M alcohol concentration (ratio
0.5) a maximum production of 98.3% was recorded.

The T. fusca cutinase has a greater affinity for short chain acids, as does the cutinase
of F. solani pisi [61], although a greater selectivity of the substrate towards acids of longer
chains is observed. The production was greater than 98% for acids with lengths between
C3–C8, and the lowest productions were given for capric (C10) and lauric (C12) acids with
90.9 and 84.2% respectively. Regarding the length of the alcohols, values above 95% of
production were obtained for alcohols with lengths between C1–C6. For alcohols greater
than C6, the production decreased as the alcohol length increased (Figure 6).

Figure 6. Effect of acid length on the synthesis of esters by the cutinase of F. solani pisi. White bars:
alcohol: acid 2 ratio; black bars: ratio alcohol: acid 4. Image extracted from [61].

In addition to esters, milk fats are also of great importance in the food industry.
The partially hydrolyzed milk fats are used to flavor cheese in a wide range of products
such as cereals, sweets, dairy products, pastries, etc. [64,65]. The hydrolysis of these
fatty acids can be done by the action of the enzymes of the native microbiome, as in the
cheesemaking process, or by the addition of exogenous enzymes. Fats show different
degrees of flavor depending on the degree and specificity of the hydrolysis, such as butter,
cream or cheese flavor. Short-chain acids, such as butyric and caproic acids, are volatile
and, in addition to imparting aroma, give pleasant flavors. In contrast, longer chain acids,
between C10 and C18, give soapy and bitter flavors [64,65].

Normally animal lipases are suitable for the release of short chain fatty acids, as they
are very specific for carbon atoms in positions 1 and 3 of fatty acids, unlike lipases of
microbial origin that have a range of activity and a wider specificity. As the production
of animal enzymes is very expensive, it is very desirable to use lipases of microbial origin
that release short-chain fatty acids, since their production is simpler (Horri et al., 2010).

Regado et al. [64] compared the hydrolysis of fats from cow, goat and sheep milk,
using 10 microbial lipases and the cutinase of F. solani pisi. The results of the hydrolysis
using cutinase differed with respect to those of the other lipases. The proportion of short
chain (C4–C8) and medium (C10–C14) acids released was significantly higher for cutinase
than for the rest of lipases (Table 3). The levels of free butyric acid were between 16–17%
and those of caproic acid between 13–14%. Furthermore, the release of C16 chain acids did
not occur, and only a very low level of C18 chain acid was found, which agrees with the
specificity of the cutinase studied by De Barros et al. [61]. Horri et al. [65] used the cutinase
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of Aspergillus oryzae, in its secreted form and on the cell surface of Saccharomyces cerevisiae,
and verified its efficiency by hydrolyzing butter fats. They also compared the results of
this cutinase with those of pancreatin, a lipase of commercial animal origin. After 96h of
incubation, the amount of fatty acids released by the secreted cutinase was 5.0%, 1.7 times
higher than that obtained by pancreatin. In addition, the proportion of butyric acid in total
fatty acids was 16.8%, a value comparable to that obtained with pancreatin. The value
of fatty acids released using the cutinase expressed on the surface of S. cerevisiae was
4.2%, a value comparable to that obtained with the secreted cutinase. In contrast, a 45.5%
proportion of butyric acid was obtained, 2.7 times higher than that of the secreted cutinase.

Table 3. Proportions of fatty acids according to the length of their chain in lipolyzed milk fats of cow,
sheep and goat. The results are shown as short chain (C4–C8), medium chain (C10–C14) and long
chain (C16–C18).

Origin of Cutinase Cow’s Milk Fat Cow’s Milk Fat Goat’s Milk Fat

Candida cylindracea 14:26:60 14:27:59 17:28:55
Pseudomonas fluorescens 11:22:67 11:25:64 08:23:69
Fusarium solani pisii 34:36:30 34:37:29 33:37:30
Humicola lanuginosa 18:31:51 20:34:46 14:29:57
Rhizopus delemar 13:23:64 13:27:60 15:25:60
Penicillium camembertii 24:32:44 17:38:45 31:38:31
Geotrichum candidum 17:24:59 18:26:56 11:14:75
Candida lipolytica 15:24:61 14:25:61 17:28:55
Mucor circinelloides 17:27:56 16:28:56 17:25:58
Rhizopus niveus 15:26:59 13:26:61 12:24:64
Penicillium roquefortii 25:34:41 25:34:41 29:39:32

Plastics

In recent years, important advances have been made in the study of the hydrolytic
action of cutinases applied to the degradation of plastics [66]. It has been found that cuti-
nase can biodegrade plastic and biomodify synthetic fibers. Cutinase is the most important
enzyme in solving plastic pollution. Polyethylene terephthalate (PET) has a long half-life.
This factor makes it a huge problem, and new technologies must be implemented to enable
its treatment as urban solid waste. These enzymes have been successfully applied for the
biodegradation of plastics, as well as for the delicate superficial hydrolysis of polymeric
materials prior to their functionalization, as has been reported by Nikolaivits et al. [15].
Gomes et al. [67] characterized and improved the stability of the enzyme to optimize the
degradation process by enzymatic hydrolysis of PET by recombinant cutinases. The ob-
jectives were met using the cutinase from Fusarium solani pisi and its C-terminal fusion
with the cellulose-binding domain N1 of Cellulomonas fim, produced by genetically modi-
fied Escherichia coli. The maximum activity of cutinases produced in lactose broth in the
presence of ampicillin and isopropyl β-D-1-thiogalactopyranoside (IPTG) was 1.4 IU/mL.
Both cutinases had an optimum pH around 7.0 and were stable between 30 and 50 ◦C for
90 min.

6. Production of Cutinases

The production of cutinases has been achieved in bacteria, fungi and plants, the latter
being the most complicated to work with since the cultivation and isolation of the enzyme
on a large scale is easier to carry out with microorganisms (Table 4). Presumably, a long list
of microorganisms can be added to this list, as indicated by the study by Belbahri et al. [17].
Fett et al. [68,69] have studied various cutin-producing microbial strains and the effect of
several products as inductors or repressors of production. Among more than 38 bacterial
strains studied Thermobifida fusca and Thermobifida vulgaris exhibited the highest production
levels, with an esterase activity greater than 500 nmol min−1 mL−1 during 7 days of incu-
bation, cultured in the liquid TYE enriched with a 0.4% (w/v) of apple cutin at pH 8.0. They
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verified that the skin, suberin and apple skin, tomato skin, potato suberin and commercial
cork show an inducer effect in production, with the apple derivatives and the tomato
skin being more efficient inducers. Most of these inducers are agricultural byproducts,
so they have great potential as low cost inductors. In contrast, glucose suppresses the
production of cutinase and olive oil and 16-hydroxypalmitic acid inhibits the bacterial
growth of the producing strain as well as fiber and corn bran. Cutin hydrolyzate does not
induce cutinase production.

Table 4. Cutinases producing organisms.

Origin Genus Species Ref.

Bacteria Streptomyces scabies [70]
acidiscabies [71]
badius [71]

Pseudomonas putida [72]
mendocina [73]
aeruginosa [71]

Thermomonospora fusca [68]
Thermoactinomyces vulgaris [69]
Botrytis cinerea [74]

Fungi Fusarium solani pisi [10]
oxysporium [48]
roseum culmorum [48]
roseum sambucinum [48]

Colletotrichum kahawae [75]
gloeosporioides [75]
capsici [75]

Monilinia fructicola [76]
Venturia inaequalis [26]
Alternaria brassicicola [8]

Currently, cutinase is produced by Novozymes and Genencor companies. DE19706023
A1 (1998, BAYER AG; NOVOZYMES AS) discloses the use of a cutinase from Humicola
insolens and lipases from Aspergillus niger, Mucor miehei (Lipozyme 20,000 L) and Can-
dida antarctica (lipase component B) to degrade substrate polymers that are aliphatic
polyesters, aromatic poly(ester amide)s, or partially aromatic poly(ester urethane)s [77,78].
WO9733001 A1 (1997, University of California; GENENCOR INT) and US6254645 B1 (2001,
GENENCOR INT) describe the use of lipases or polyesterases to modify polyester fibers to
enhance wettability and absorbency of textiles [79,80].

6.1. Purification of Cutinases
6.1.1. Purification by Ion Exchange Chromatography

It has been possible to purify cutinases using ion exchange chromatographies. Chen
et al. [75] purified cutinases of Colletotrichum kahawae and C. gloeosporioides by submitting
them to ion exchange chromatography in two phases. The proteins were separated from
the other components by ammonium sulfate and then subjected to precipitation by acetic
acid. The set of proteins was then subjected to chromatography using two stationary
phases in two steps. First a diethylaminoethyl matrix (DEAE), which functions as an anion
exchanger, at pH 8.5, was used to separate the cutinases other 40-kDa carboxylases, since
these bind to the matrix. Then another chromatography, using an SP (sulfopropyl) matrix,
at pH 7.6, as a cation exchanger, manages to purify the cutinases of the remaining proteins.
With these two chromatographies the purified cutinases should have a pI between 7.5 and
8.5, since they do not bind to any of the two matrices being at pHs 8.5 and 7.6, respectively.

6.1.2. Purification by Affinity Chromatography

Affinity chromatography is a very useful method for the purification of enzymes.
In these chromatography the ligand forming the stationary phase is required to have a high
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affinity for the desired enzyme and which in turn forms a weak bond with it to be easily
separated [81]. Although cutinases can be purified by this method, the results are not as
good as one might wish [76].

Theorizing that, since 1,1,1-Trifluoro-3-((4-mercaptobutyl) thio)-2-propanone (MBTFP)
is used for the purification of hormones esterases, which act as serine esterases and are
members of the superfamily α/β hydrolase as well as cutinases, Wang G. et al. [76] purified
Monilinia fructicola cutinases by affinity chromatography using MBTFP. Using the MBTFP
as a stationary phase, they were able to bind 90.6% of the esterase activity present, thus
highlighting the potential of this compound for the purification of cutinases.

For the washing of the column, two inhibitors of 1,1,1-trifluoro-2-propane (TFK), 3-n-
octylthiio-1,1,1-trifluoro-2-propanone (OTFP) and 3-n-pentthio-1,1,1-trifluoro-2-propanone
(PTFP) were considered. These compounds were used because TFK is a covalent inhibitor
of serine esterases, and proteins bound to affinity matrices can be eluted using one of their
inhibitors. When testing the ability of these compounds to inhibit the cutinase bound to the
MBTFP, the OTFP was chosen to perform the column washes, due to the small differences
between the I50 of PTFP and MBTFP for the cutinase of M. fructicola. The result of this
chromatography is not a pure solution of cutinases, so the use of an electrophoresis with
SDS-PAGE is required for the correct purification of the cutinase [76].

6.1.3. Purification by Means of Two Aqueous Phase Systems

An alternative to the use of chromatographies in the purification of proteins are the
systems of two aqueous phases or aqueous two phase systems (ATPS). ATPS are formed by
mixing two polymers or a polymer and a salt in a solution with a high water content. When
adding proteins to the system, these will move towards one or another phase, and can
easily separate them. This separation is influenced by the characteristics of the system (pH,
temperature, type and concentration of salts and polymers), as well as by the characteristics
of the proteins themselves (molecular weight, load and hydrophobicity) [82,83]. This
system is useful for the separation of biological material due to its high water content and
does not require specialized equipment for its operation, thus lowering costs [82]. Even so,
ATPS are not used in the industry due to the scarce knowledge about how the separation
process works and because its use is almost totally restricted to laboratory work scale and
not to large-scale production [83].

Almeida et al. [82] studied the purification of cutinases using ATPS systems with
polyethylene glycol (PEG) and purified hydroxypropyl starch (Reppal PES 100) and un-
refined (HPS). They investigated how they affect the pH, type and concentration of the
polymer and salts in these systems. In the PEG-hydroxypropyl systems in the absence
of salts, the purification of cutinases was not satisfactory. The variations in the cutinase
partition coefficient (cutinase activity ratio per milliliter between the two phases, Kcut)
were studied by modifying the pH and molecular mass values for the two system types
(PEG-Reppal PES 100 and PEG-HPS). of the polymer. Although it was found that the
mass of the polymer slightly affects the process and that pH values (8.0) close to the pI
of the protein (7.8) increase the distribution of this to the upper phase, the results were
not satisfactory. The distribution coefficients in each of the systems studied are between
0.5 and 1, values that show the low efficiency of these systems in the purification of
cutinases, since the values should be greater than 1 to consider them satisfactory. The addi-
tion of salts to the system significantly improved the partition coefficient of the cutinase.
The effect of the addition of sodium chloride (NaCl), ammonium sulfate ((NH4)2SO4) and
sodium sulfate (Na2SO4) was studied. For the PEG-Reppal system, the highest coefficient
(Kcut = 3.7) was obtained in the presence of ammonium sulfate (0.5 M) and pH 4.0, while
for PEG-HPS the highest value (Kcut = 12) was obtained with chloride. sodium (1 M) also
at pH 4.0. These differences between the two systems are explained by Almeida et al. [82]
because of the impurities presented by the unrefined HPS, because these could change the
ionic strength thus altering the electrical potential between the phases. There were large
differences in the distribution coefficients between the systems with and without salts at
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extreme pH values (4.0 and 9.0), but not at pH 8.0 since, being the cutinase pI of 7.8, it is
less affected by the loads of salts.

7. Conclusions

Cutinases have characteristics that make them attractive for use in various industries.
It has been seen that these enzymes can be useful in the textile industry. They can degrade
cotton cuticle wax at low temperatures and in short times, making them viable for washing
cotton. They can also be used for the hydrolysis of synthetic fiber fabrics, such as polyester
and polyamide fabrics, thus improving their hydrophilicity and contributing to a better
finish in this type of garments. Regarding the treatment of woolen fabrics, the cutinase
achieves a wettability time less than that observed when treating these tissues with hydro-
gen peroxide, in addition it damages the fibers less and reduces the amount of tissue that
shrinks a very small area. These results mean that cutinases should be considered as an
interesting option in the textile area. On the other hand, the property of cutinases to be
active in water-oil interfaces is very attractive for use as a detergent and is also active in
the absence of calcium, which is an advantage in the current washing systems and make
them more efficient than other enzymes already commercial. Regarding the food industry,
the preference of cutinases towards short-chain alcohols and acids, as well as short chain
triacylglycerols, make it more efficient than other enzymes in the production of aliphatic
esters and partially hydrolyzed fats used in this sector.

The use of biocatalysts in the industry allows the use of smoother conditions and
reduces the environmental impact produced by the chemicals normally used, which should
be of economic benefit to the companies, since they have to manage the waste they generate
and use large quantities of energy to achieve the conditions necessary for its production.
Even so, this does not occur because the enzymes have several drawbacks, such as their
instability at high temperatures, their low level of production and low reuse, among others,
which make them unviable at industrial production levels. Therefore, it is necessary to
research enzymes that present attractive characteristics for industrial production processes,
as well as the development of techniques that improve the productivity of biocatalysts
at this level. It is also important to continue investigating methods of immobilization
that improve the performance of enzymes, as well as production methods that generate
sufficient amounts of enzyme for these processes. The study of the structure of the cutinases,
as well as studies of mutagenesis, can lead to modifications in the structure of this enzyme
that improve its properties and make them more viable in the industry. Thus, it has been
possible to find cutinase variants that are more stable in the presence of surfactants or with
their wider active site, which makes them more attractive in their use as a detergent or in
the treatment of polyester fibers, respectively.
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LGT Lateral gene transfer
DOSS Dioctyl sulfosuccinate sodium surfactant
DEAE Diethylaminoethyl
MBTFP 1,1,1-Trifluoro-3-((4-mercaptobutyl) thio) -2-propanone
TFK 1,1,1-Trifluoro-2-propane
OTFP 3-n-Octylthiio-1,1,1-trifluoro-2-propanone
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PTFP 3-n-Pentthio-1,1,1-trifluoro-2-propanone
SDS-PAGE Sodium Dodecyl Sulfate Polyacrylamide Gel Electrophoresis
ATPS Aqueous two phase systems
PET Polyethylene386terephthalate
PA Polyamide
PEG Polyethylene glycol
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